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Chromolaena odorata (L.) RM King and H Rob. (Asteraceae) has been subject to a biological control programme 
in South Africa for over three decades. A shoot-tip boring moth, Dichrorampha odorata Brown and Zachariades 
(Lepidoptera: Tortricidae), originating from Jamaica, was released as a biological control agent in 2013 but 
despite the release of substantial numbers of the insect, it has not established a permanent field population. 
Because climate incompatibility is a major constraint for classical biological control of invasive plants, and 
based on the differences in climate between Jamaica and South Africa and field observations at release sites, 
aspects of the thermal physiology of D. odorata were investigated to elucidate reasons for its failure to establish. 
Developmental time decreased with increasing temperatures ranging from 20 °C to 30 °C, with incomplete 
development for immature stages at 18 °C and 32 °C. The developmental threshold, t, was calculated as 8.45 °C 
with 872.4 degree-days required to complete development (K). A maximum of 6.5 generations per year was 
projected for D. odorata in South Africa, with the heavily infested eastern region of the country being the most 
eco-climatically suitable for establishment. The lower lethal temperature (LLT50) of larvae and adults was –4.5 
and 1.8 °C, respectively. The upper lethal temperature (ULT50) for larvae was 39.6 °C whilst that of adults was 
41.0 °C. Larvae thus had better cold tolerance compared to adults whereas adults had better heat tolerance 
compared to larvae. The critical thermal (CT) limits for adults were 3.4 ± 0.07 to 43.7 ± 0.12 °C. Acclimation 
at 20 °C for 7 days resulted in increased cold and heat tolerance with a CTmin and CTmax of 1.9 ± 0.06 and 44.4 
± 0.07 °C respectively, compared to the relative control, acclimated at 25 °C. Acclimation at 30 °C improved 
neither cold (CTmin: 5.9 ± 0.08 °C) nor heat tolerance (CTmax: 42.9 ± 0.10 °C). These results suggest that thermal 
requirements fall within field temperatures and are thus not the main constraining factor leading to poor 
establishment of D. odorata in South Africa.

INTRODUCTION

Classical weed biological control relies on the establishment and persistence of a natural enemy 
(chiefly insects, mites and fungal pathogens) introduced from the region of origin of the weed into 
the invaded range (Goolsby et al. 2013). Successful establishment of an insect as a biological control 
agent depends on a number of possible factors. Such factors include correct genetic matching of the 
target plant and biocontrol agent, and/or the ability of a population of the agent to persist from the 
introduction of a limited number of individuals (where stochastic events, dispersal and predation 
of the agent play a role). The biological control agent must have an ability to cope with the novel 
environment into which it is introduced (where climatic similarity to the native range, in concert 
with the agent’s climatic adaptability, as well as the presence of novel predators, are important) 
(McFadyen 1998; van Driesche et al. 2009; Harms et al. 2020). Environmental temperature is one of 
the most important abiotic factors affecting the performance of insects (Terblanche et al. 2005; May 
and Coetzee 2013; Hough-Goldstein et al. 2016), including the establishment of insects as biocontrol 
agents in their region of release (Angilletta et al. 2002; Terblanche et al. 2005; Harms et al. 2021); 
other abiotic factors affecting the success of establishment of biocontrol agents include rainfall and 
humidity (Byrne et al. 2002; van Lenteren et al. 2006; Cowie et al. 2016; Muskett et al. 2020).

Well-established standard laboratory protocols enable researchers to link ambient temperature with 
development rate, and determine the optimal developmental temperature for insect species (Campbell 
et al. 1974; Wagner et al. 1991). These data can then be used to generate a degree-day model which can be 
mapped onto the country of introduction to predict the number of generations the insect will be able to 
complete in a year (Byrne et al. 2003; May and Coetzee 2013; Ramanand et al. 2017; Muskett et al. 2020). 
The more the generations, the higher the rate of population growth and likelihood of establishment 
(Muskett et al. 2020). The degree-day model can also be used to compare the number of predicted 
generations in the region of origin with that in the region of introduction (Muskett et al. 2020).
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Similarly, the role of extreme temperatures on mortality 
and mobility of an insect species can be determined through 
standardised laboratory techniques. These involve the 
determination of both critical thermal limits (CT), where insects 
temporarily lose their locomotory ability, and lethal temperature 
limits (LT50), which predict the temperatures at which the insect 
will die (Uyi et al. 2017; Chidawanyika et al. 2020). Depending 
on the frequency and magnitude (compared to the CT and LT50 
values) of extreme-temperature events in the field, they can have 
a significant impact on the likelihood of establishment of the 
insect (Chown and Terblanche 2007; Muskett et al. 2020). Finally, 
it has been shown that insects often display plasticity in their 
thermal tolerances, depending on factors such as photoperiod, 
acclimation, day temperature and rate of temperature change 
(Terblanche et al. 2007). For example, a change in thermal 
tolerances can be achieved through exposure to a temperature 
regime that is different from the norm for a few days in the 
laboratory prior to release (Chidawanyika et al. 2017).

Chromolaena odorata (L.) RM King and H Rob. (Asteraceae), 
commonly known as chromolaena or triffid weed, is native to 
the Americas, with a large range stretching from the southern 
United States of America to northern Argentina (Zachariades et 
al. 2009). It is also an invasive weed, with widespread populations 
in the humid tropics and subtropics of Africa, Asia and Oceania, 
including South Africa (Zachariades et al. 2009). However, the 
C. odorata population invading southern Africa is of a different 
biotype (‘southern African biotype’ – SAB) and genotype to that 
invading other parts of the Old World, and has an origin in the 
Greater Antilles, in particular Jamaica or Cuba (Zachariades et 
al. 2009; Paterson and Zachariades 2013; Shao et al. 2018). The 
weed was first reported as naturalised in KwaZulu-Natal (KZN) 
province, South Africa in the 1940s (Zachariades et al. 2011). 
Since then, the weed’s distribution has expanded to include the 
warmer, higher-rainfall parts of Mpumalanga, Limpopo and 
Eastern Cape provinces (Fig 1a), as well as the neighbouring 
countries of Eswatini and Mozambique (Goodall and Erasmus 
1996).

Since the start of the biocontrol programme in 1988, eight 
species of insects have been released as biocontrol agents 
against C. odorata in South Africa, of which two (a leaf-feeding 
moth, Pareuchaetes insulata (Walker) (Lepidoptera: Erebidae) 
and a leaf-mining fly, Calycomyza eupatorivora Spencer 
(Diptera: Agromyzidae), have established (Zachariades et al. 
2021). A number of other candidate biocontrol agents have 
been investigated but not released (Zachariades 2021). The 
relatively low success rate of this programme with regards to 
releases and establishments can be ascribed, inter alia, to both 
incompatibility between genotypes of C. odorata from which 
natural enemies were collected and the SAB (for areas outside 
the Greater Antilles) (Zachariades et al. 2011), and poor climatic 
compatibility (for much of the native range of C. odorata, 
including the Greater Antilles) (Robertson et al. 2008). The 
climate of Jamaica, even at the altitudinal limit of C. odorata 
(850 m – ARC-PHP unpubl. data), differs substantially from 
that of the areas of southern Africa invaded by C. odorata. 
Köppen-Geiger climate classification of 130 predominantly 
Cfa (warm temperate climate, fully humid) and Cwa (warm 
temperate climate with dry winter) in areas in which C. odorata 
is present; at a latitude of around 18°, Jamaica falls within the 
humid tropics (Köppen-Geiger climate classification of Af and 
Am in areas in which C. odorata is present), and experiences 
higher rainfall and humidity, shorter dry seasons, and higher 
temperatures (Figure 1b). Moreover, projected differences in 
global models suggest that the SAB C. odorata has different 
climatic requirements compared to Jamaica and the rest of the 
world (Kriticos et al. 2005; Robertson et al. 2008). Minimum 
temperatures in particular differ markedly from those during 

the South African winter (Table 1; Nqayi 2019). Climatic 
mismatches in the native and invasive ranges of weeds are quite 
common, particularly regarding species with more tropical 
native ranges that invade temperate regions; and this can lead 
to problems in establishment of biocontrol agents (Harms et 
al. 2021). The SAB C. odorata was shown to be at the edge of its 
climatic tolerance in the colder and drier parts of its southern 
African range (te Beest et al. 2013). Nevertheless, the climatic 
differences between Jamaica and South Africa did not prevent 
the establishment of C. eupatorivora, collected in Jamaica, on 
C. odorata in South Africa.

Chromolaena odorata outcompetes surrounding vegetation 
partly through its rapid vertical growth rate during the rainy 
season (Zachariades et al. 2009). A tip-destroying biocontrol 
agent thus was deemed to be important in reducing this 
competitiveness. Several insect species within this niche were 
considered (Zachariades et al. 2011), including a stem-tip boring 
moth discovered in Jamaica and Cuba, Dichrorampha odorata 
Brown and Zachariades (Lepidoptera: Tortricidae) (Strathie 
and Zachariades 2004). A culture of this moth was collected 
in Jamaica in 2005, proved easy to rear under quarantine 
conditions, and was both host specific and damaging (Dube et 
al. 2017, 2019).

Dichrorampha odorata adults lay flimsy, scale-like eggs, stuck 
singly on the upper surface of young, fully-expanded C. odorata 
leaves (Dube et al. 2017, 2019; Nqayi 2019). Once the larvae hatch, 
they navigate to a nearby shoot tip and bore into it, killing the 
meristematic tissue. The larva causes the terminal 2–3 cm of the 
stem tip to swell slightly as it bores down (Dube et al. 2017). The 
mature larva exits the stem tip and pupates inside a leaf roll on 
a nearby leaf (Brown and Zachariades, 2007; Dube et al. 2017). 
The first releases of D. odorata in South Africa were made in 
2013, and several thousand individual moths were subsequently 
released (mainly as pupae placed in a container hung on a tree 
branch) in KZN, Mpumalanga and Limpopo provinces, but the 
insect has not established (Zachariades et al. 2019). Because it is 
unlikely that there is incompatibility between the insect and the 
genotype of its host plant in southern Africa, and factors such 
as release effort were accounted for in Zachariades et al. (2019). 
Therefore we surmised that lack of establishment was most likely 
due to incompatibility in ecological climatic conditions of native 
region and introduced region. This study was thus undertaken 
to determine aspects of the thermal biology of a biocontrol 
agent, the shoot-tip boring moth (D. odorata), in South Africa. 
Specifically, we determined its lower and upper thermal limits, 
measured as critical thermal minima (CTmin) and maxima 
(CTmax), and lower and upper lethal temperatures (LLT50 and 
ULT50). We also investigated the developmental threshold of the 
shoot-tip boring moth and used these data to establish a degree-
day model. This was used to predict the potential number of 
generations that D. odorata was capable of completing across 
C. odorata-invaded regions in South Africa. Although humidity 
and precipitation are also potential limiting climatic factors, 
these were not considered in this current study.

MATERIALS and METHODS
Study site and plants

The study was conducted in the quarantine facility of the 
Agricultural Research Council – Plant Health and Protection 
(ARC-PHP) laboratory, at Cedara in KZN province, South Africa. 
In order to rear host plants, fresh cuttings of C. odorata were 
collected from the field in Pietermaritzburg, KZN (–29.57719°, 
30.33728°) and treated with SeradixTM (No. 1) rooting hormone 
before planting in a seedling tray with vermiculite as medium. 
The seedling tray was then placed in a heated mist-bed with 
fine sprinkler irrigation every 20 minutes under glasshouse 
conditions where temperature ranged between 22 °C and 27 °C. 
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The cuttings were kept under these conditions for approximately 
2 weeks to allow for root development before transplanting them 
into plastic pots (25 cm diameter) with river sand and Gromor 
Potting MediumTM (Cato Ridge, South Africa) at 1:1 ratio. The 
potted plants were then grown in a greenhouse tunnel and hand-
watered once daily. Two weeks after being potted out, 5 ml of 
Multicote 8TM (Haifa Group RSA (Pty) Ltd) fertiliser was added 
to each pot. Terminal shoot tips of the plants were nipped off 
to stimulate growth of dormant lateral buds. The plants were 
introduced to insects when plants were at least 25 cm tall, with 
the broad leaves favoured by the moths for laying their eggs.

Study organisms: insects and rearing conditions

All insects were sourced from an existing culture that was 
established in 2005 in the ARC-PHP quarantine facility. The 
moths were maintained in mesh-covered steel-framed cages 
(50 × 50 × 82 cm) in an insectary under controlled conditions 
(22–27 °C and 35–80% RH).

Thermal biology studies

Critical thermal limits and thermal acclimation

A programmable water bath (Haake C25P, Thermo Electro 
Corporation, Karlsruhe, Germany) connected to a series of 
double-jacketed holding chambers as standard equipment 
(‘organ pipes’) was used to determine critical thermal limits 
(CTmin and CTmax) following the methods outlined in Terblanche 
et al. (2008). Ten newly enclosed D. odorata adults were 
individually placed into the organ pipes, which were plugged 
with cotton wool to prevent the insects from escaping before the 
onset of each trial. The cotton wool was moistened with water 
to prevent dehydration of the adult moths. A thermocouple 
connected to a digital thermometer (Fluke Corporation, 
Australia Ltd., Sydney) was inserted into the control chamber 
to record the actual temperature experienced by adults in the 
chambers. The water bath was pre-set at 25 °C for 15 minutes, 
to allow adults to equilibrate with chamber temperatures. Next, 
temperatures were decreased (CTmin) or increased (CTmax) at a 
ramping rate of 0.25 °C per minute until all individuals within 
each trial had lost locomotory function (determined as the lack 
of ability to self-right upon mild prodding with a camel-hair 
brush) (Lachenicht et al. 2010). This rate was chosen as it is an 
ecologically relevant rate resembling temperature changes in 
the natural environment (e.g. Nyamukondiwa and Terblanche 
2010; Chidawanyika et al. 2017). The temperatures at which 
each individual lost locomotory function were recorded. The 
experiment was replicated three times, using newly eclosed 
D. odorata insects. The CTmin and CTmax and their respective 
standard errors were calculated from these data.

To determine the effects of thermal acclimation on critical 
thermal limits, D. odorata pupae, harvested from the culture, 
were placed inside three growth chambers (LabCon, South 
Africa) set at 20 °C, 25 °C (control) and 30 °C for 7 days. After 
this acclimation period, the CTmin and CTmax of each group 
were assessed, as above. For each acclimation treatment, 10 
adults were assessed, and each trial was replicated three times. 
Differences in critical thermal limits between each group were 
analysed using one-way ANOVAs in StatisticaTM version 13.2 
(Tibco Software Inc.).

Lethal temperatures

Lower (LLT50) and upper lethal temperatures (ULT50) of adults 
and 6th instar larvae were assessed using a standard “plunge” 
protocol (Chidawanyika et al. 2017) using a programmable water 
bath (Haake C25P, Thermo Electro Corporation, Karlsruhe, 
Germany). Newly eclosed D. odorata adults and mature 
larvae (6th instar) were placed into plastic vials (25 insects per 

temperature treatment) in groups of 5 per vial, and the vial was 
sealed with moistened cotton wool to retain sufficient humidity. 
Vials (5 vials with 5 insects per vial) were placed inside a sealed 
Ziploc bag before being immersed in the water bath. The water 
bath was initially set at 25 °C for 15 minutes to ensure body 
temperature was in equilibrium with ambient temperature. 
The insects were then exposed to one of several set, constant 
temperature treatments for 2 h (larval high-temperature 
treatments = 30, 35, 38, 40, 42, 44 °C; larval low-temperature 
treatments = 10, 5, 0, –3, –6, –9 °C; adult high-temperature 
treatments = 33, 35, 38, 40, 42, 45 °C; adult low-temperature 
treatments = 10, 5, 2, 0 °C). A digital thermometer (Fluke 
Corporation, Australia Ltd., Sydney) connected to a type-K 
thermocouple was used to monitor the temperature inside the 
water bath to ensure that the desired temperature was achieved 
and maintained during the treatment. To avoid ice formation at 
sub-zero temperatures, 70% alcohol was used in the water bath. 
The same numbers of insects per temperature were kept at room 
temperature (25 °C) as controls.

During recovery following exposure to each temperature, 
the adults or larvae were placed in Petri dishes with filter paper 
together with shoot tips of C. odorata in a bouquet, to allow 
the surviving larvae to feed ad libitum and adults to perch. The 
Petri dishes were then placed in a growth chamber (Labcon, 
South Africa) set at constant 25 °C for 24 h and monitored for 
the survival of the insects. ‘Survival’ was considered as normal 
behaviour, i.e. walking or flying for adults and boring into shoot 
tips in the case of larvae. The effect of temperature on larval 
and adult survival was analysed using a Generalised Linear 
Model (GLM) and the LT50 (the temperature causing 50% of 
tested individuals to die in a given period (Li et al. 2011)) was 
calculated using SPSS (version 20.0; SPSS IBM, Chicago, USA) 
statistical software.

Developmental thresholds

Development time and survival of D. odorata were studied at 
seven constant temperatures: 15, 18, 20, 25, 27, 30 and 32 °C. All 
trials were performed in constant environment growth chambers 
(LabCon, South Africa) set at one of the above temperature 
treatments, with photoperiod set at 12L:12D. iButton dataloggers 
(model DS 1923, Maxim Integrated Products, San José, USA, 
0.5 °C accuracy) were used to log microclimates (temperature 
and relative humidity) inside each temperature chamber, every 
hour, to ensure experimental temperatures were maintained.

Egg development

In order to obtain eggs for the development studies, six cages 
of 0.9 × 0.4 × 0.4 m, comprising a steel frame and fine gauze 
panelling, were placed in a quarantine glasshouse maintained at 
20–30 °C. One C. odorata plant (~25 cm tall) was placed inside a 
cage. Two newly eclosed adults, consisting of one putative male 
(visually smaller in body size) and one putative female (visually 
larger in body size), were placed inside the cage with the plant for 
mating and oviposition. After 24 h of exposing adults to the plant 
to allow for oviposition, the adults were removed and placed 
back in the culture. The number of eggs laid (visible as white dots 
on the upper surface of leaves) was recorded for each plant and 
these were then placed into one of the seven growth chambers 
(with each growth chamber accommodating 8–12 plants) at the 
set experimental temperature. Plants in chambers were irrigated 
using BlumatTM (Tropf-Blumat, Germany) clay cones. Eggs were 
monitored daily and hatching date was recorded. At the lower 
temperatures (15, 18 and 20 °C), there was high egg mortality 
initially, as a result of lower humidity due to the cooling system 
in the chambers (RH = 26.9 ± 0.26% at low temperatures and 
58.0 ± 1.46% at higher temperatures). Plants with eggs in these 
chambers were subsequently covered with porous plastic bags 
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(280 mm × 400 mm × 30 μm (Range Plastic cc)) to decrease 
airflow around the plant and prevent eggs from dehydrating. 
Duration of egg development (number of days to hatching) was 
calculated for each egg at each temperature treatment.

Larval and pupal development

After hatching, neonate larvae migrated to the closest shoot tips 
and tunnelled inside C. odorata shoot tips. Damaged C. odorata 
shoots were dissected 10 days later to determine how many 
larvae were present in each shoot. Fresh shoot tips collected 
from stock plants were used to create a bouquet with 3–4 shoot 
tips, by cutting the terminal 70–80 mm of a shoot tip off the 
plant using secateurs and individually wrapping the base of each 
shoot tip with a piece of damp tissue paper and tin foil. Each 
bouquet was placed into a glass Petri dish (9 cm in diameter × 
1 cm high) lined with filter paper moistened with a 2% sodium 
hypochlorite solution to prevent pathogen growth. Each larva 
that had been dissected from the shoot tips was placed onto its 
own separate C. odorata shoot-tip bouquet using a fine paint 
brush, to prevent competition. Larvae dissected from shoot tips 
readily bored into new tips on which they were placed. Petri 
dishes were placed inside plastic containers (36 cm × 26 cm × 
8 cm) lined with moistened tissue paper and sealed with a lid 
to prevent leaf material from drying out from the airflow inside 
each chamber. Each plastic container with nine Petri dishes was 
placed in its respective growth chamber and larval development 
at each temperature was monitored daily. The bouquets were 
replaced once a week to provide fresh plant material for larvae 
– larvae were dissected out of the old shoot tips and placed onto 
the new shoot tips. The larval development period (number of 
days from hatching to pupation) was calculated, as was the pupal 
period (number of days from pupation to adult eclosion) and 
duration of adult survival at each temperature. One-way ANOVA 
was used to compare development time and survival between 
temperatures. A linear relationship between temperature and 
developmental rate was established for D. odorata using the 
reduced major axis regression method (Ikemoto and Takai 
2000). This method graphs the product of developmental time 
and temperature (DT) against developmental time (D), follows 
a straight line equation (y = a + bx, where y = DT, a = K, b = t, 
and x = D) and does not require an estimation of standard error 
because its line parameters are the direct parameters, K (rate of 
development) and t (developmental threshold) (Ikemoto and 
Takai, 2000). StatisticaTM version 13.2 (Tibco Software Inc.) and 
SPSS Statistical software were used to analyse the data.

Degree-day calculations

The CLIMEX model database (CLIMEX v. 4, Hearne Scientific 
Software; Kriticos et al. 2015) was used to obtain daily maximum 
and minimum temperature records for locations throughout 
Africa, North America and the Caribbean. The parameters K 
and t were used to calculate the accumulated degree days (°D) 
for each location according to the equation below, where Tmax 
and Tmin represent the maximum and minimum temperatures 
experienced, and t represents the lower developmental threshold 
for D. odorata:

K = Σ   {  (T max + T min)
  ____________ 2   – t}  

(if Tmin < t, t was used)

The available degree days were then calculated for each of the 
locations in Africa, North America and the Caribbean. This 
enabled the calculation of the number of generations that 
D. odorata is likely to complete in localities throughout Africa, 
North America and the Caribbean (where the South African 
C. odorata is thought to have originated). These data were 

mapped, using ArcGIS v. 10.2 (ArcMap function), to illustrate 
the likely suitability of these localities for the establishment and 
persistence of the moth.

Climate data

To better understand the potential climatic limitations on the 
establishment of D. odorata, microclimate data (temperature, 
humidity and rainfall) were recorded using iButton dataloggers 
(model DS 1923, Maxim Integrated Products, San José, USA, 
0.5 °C accuracy) at four release sites where D. odorata was 
field-released in KZN province. The Worldclim database 
(Fick and  Hijmans 2017) was used to obtain average annual 
temperatures in the invasive range of C. odorata in South Africa 
and the native range in Jamaica (Figure 1). We obtained the 
weather data for Jamaica from a reputable weather station which 
records and stores weather data in Jamaica and is used as the 
weather database source to determine average, minimum and 
maximum annual temperatures from one of the areas in which 
D. odorata was originally collected (Table 1).

RESULTS

Critical thermal limits and thermal acclimation

The mean CTmin and CTmax of D. odorata adults were 4.4 ± 
0.22 °C and 43.7 ± 0.12 °C (mean ± SE, n = 30), respectively. 
Acclimation affected the CTmin and CTmax of D. odorata adults in 
all temperature treatments (20 °C, 25 °C, and 30 °C) (CTmin 1.95 
± 0.06 °C, 3.36 ± 0.07 °C and 5.92 ± 0.08 °C and CTmax 44.41 ± 
0.07 °C, 43.67 ± 0.12 °C and 42.92 ± 0.09 °C), with CTmin being 
more responsive to cold acclimation (F2,87 = 818.87, p < 0.001).

Figure 1. Average annual temperatures in (a) South Africa, with 
distribution of Chromolaena odorata indicated; (b) Jamaica, with 
Dichrorampha odorata collection sites (2005, 2012) indicated. Annual 
temperature data obtained from the Worldclim Version 2 (https://www.
worldclim.org/) database. Distribution data for C. odorata are from SAPIA, 
and for D. odorata are from ARC-PHP

https://www.worldclim.org/
https://www.worldclim.org/
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Lethal temperatures

The temperatures that D. odorata was exposed to, and the life 
stage of the moth, significantly affected the survival of the 
insects both at lower and upper test temperatures (Table 2). As 
expected, exposure to increasingly lower or higher temperatures 
resulted in increased mortality (Figures 2 and 3). There was 
100% mortality of larvae recorded at 9 °C and 44 °C, and at 0 °C 
and 45 °C for adults (Figures 2 and 3). The LLT50 of larvae and 
adults were determined to be –4.50 °C and 1.83 °C, respectively, 
and the ULT50 were 39.64 °C and 41.02 °C, respectively.

Lower developmental threshold (t) and rate of development (K)

Dichrorampha odorata did not complete development at constant 
rearing temperatures of 15 °C (where no eggs hatched), 18 °C 
(where one egg hatched but the resultant larva died after 2 days), 

Table 1. Microclimate temperatures (monthly average and absolute) recorded using iButtons at four Dichrorampha odorata release sites in South Africa 
from October 2017 to August 2018, and weather-station data at a site within the distribution range of C. odorata and D. odorata in Jamaica, from March 
2013 to February 2019. Within each column, bold font indicates extreme temperatures. Coordinates and altitude are indicated for each site

Month

South Africa (Oct 2017–August 2018) Jamaica (Mar 2013–Feb 2019)
Cannonbrae

(–30.22055, 30.7815, 20 masl)
Average (absolute) (°C)

IALCH Durban
(–29.87392, 30.95575, 84 masl)
Average (absolute) (°C)

Maphelane site 1
(–28.52539, 32.35906, 58 masl)
Average (absolute) (°C)

Maphelane site 2
(–28.55008, 32.34617, 42 masl)
Average (absolute) (°C)

Shortwood  
(18.04437, –76.78475, 163 masl)

5-year avg. (5-year avg. absolute) [5-year abs] (°C)

Minimum Maximum Minimum Maximum Minimum Maximum Minimum Maximum Minimum Maximum

Jan 18.5 (15.1) 27.7 (30.6) 20.1 (17.1) 27.5 (31.1) 19.8 (15.1) 30.2 (34.6) 20.5 (15.6) 28.9 (33.6) 20.1 (18.7) [17.8] 30.3 (32.8) [33.6]

Feb 19.4 (14.6) 28.1 (32.6) 20.6 (16.1) 27.2 (31.6) 20.8 (16.6) 28.5 (36.6) 21.4 (17.1) 28.2 (36.1) 20.1 (18.3) [17.8] 30.3 (33.4) [34.9]

Mar 18.3 (13.6) 27.2 (33.1) 19.6 (16.6) 26.3 (30.6) 19.9 (15.7) 29.3 (34.2) 20.6 (16.5) 28.6 (33.5) 20.3 (18.4) [17.2] 30.4 (33.4) [35.5]

Apr 17.1 (13.6) 29.3 (37.6) 18.9 (16.6) 25.8 (29.6) 18.8 (14.2) 27.9 (32.7) 19.0 (14.5) 26.8 (31.0) 21.2 (19.5) [19.2] 31.3 (33.7) [34.3]

May 12.9 (8.6) 25.5 (29.6) 16.3 (13.6) 24.2 (32.1) 15.3 (10.1) 26.2 (33.2) 15.7 (11.0) 24.1 (27.0) 21.8 (20.2) [19.6] 31.4 (34.0) [36.3]

Jun 10.1 (7.6) 26.3 (34.6) 14.8 (11.1) 23.4 (28.6) 12.8 (8.6) 23.7 (28.2) 13.2 (9.0) 23.5 (26.0) 22.7 (21.6) [21.1] 33.3 (36.1) [38.1]

Jul 8.6 (4.0) 27.5 (35.6) 13.2 (10.6) 22.8 (27.6) 12.2 (5.6) 23.4 (28.7) 12.4 (6.5) 22.7 (27.5) 22.9 (21.5) [20.7] 34.0 (37.1) [38.1]

Aug 10.5 (5.5) 25.4 (32.6) 14.3 (9.1) 22.1 (27.1) 14.1 (8.1) 25.2 (33.7) 14.3 (8.5) 23.3 (29.5) 22.9 (21.4) [20.7] 33.4 (37.3) [38.3]

Sept1 – – – – – – – – 22.6 (21.0) [19.8] 32.8 (35.6) [37.2]

Oct 14.4 (9.1) 22.9 (27.1) 16.1 (12.1) 23.8 (30.1) 16.1 (9.1) 26.2 (34.6) 16.8 (9.1) 25.7 (33.6) 22.2 (20.7) [19.4] 31.6 (34.0) [35.3]

Nov 15.6 (8.1) 23.8 (29.6) 17.0 (11.1) 24.5 (32.6) 17.2 (11.1) 26.2 (31.1) 17.8 (13.1) 26.8 (32.1) 21.7 (19.6) [18.8] 31.1 (33.5) [35.1]

Dec 17.3 (13.1) 24.7 (27.6) 18.7 (16.1) 25.1 (29.6) 19.4 (14.6) 27.1 (36.1) 20.0 (15.6) 27.2 (35.6) 20.9 (19.4) (18.5) 30.9 (33.3) [34.5]
1Due to a technical error, data were not recorded for the whole month of September

Table 2. Generalised linear model (GLM) results for the effects of temperature, 
life stage and interaction with lower (LLT50) and upper lethal limits (ULT50) of 
Dichrorampha odorata following arcsine square root transformation. Normal 
distributions with an identity link function were assumed

Effect d.f. Wald χ2 p
Lower lethal temperature (LLT50) 

Intercept  1  670.226 0.0001
Temperature 12  227.643 0.0001
Life stage 1  10.599 0.0012
Temperature × life stage 2  17.237 0.0002

Upper lethal temperature (ULT50)
Intercept 1 1369.023 0.0001
Temperature 13  481.955 0.0001
Life stage 1  13.672 0.0002
Temperature × life stage 3  17.196 0.0002

Figure 2. Percentage (%) survival of Dichrorampha odorata (larvae [a] and adults 
[b]) exposed to different low temperatures for a duration of 2 h. Each symbol 
is a mean of five replicates of five individuals per replicate (n = 25 per symbol)

Figure 3. Percentage (%) survival of Dichrorampha odorata (larvae [a] and adults 
[b]) exposed to different high temperatures for a duration of 2 h. Each symbol 
is a mean of five replicates of five individuals per replicate (n = 25 per symbol)
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Table 3. Oviposition, hatching and total development time from egg to adult for Dichrorampha odorata at constant temperatures. Different letters after 
each value within a row denote significant differences (p < 0.05)

Period
Mean duration (days) ± SEM (n)

F-statistic p-value
15 °C 18 °C 20 °C 25 °C 27 °C 30 °C 32 °C

No. eggs laid 67 57 50 94 52 58 40 – –

Oviposition to 
egg hatch

– 15 (1) 19.3 ± 0.39 (27)a 10.5 ± 0.25 (36)c 11.8 ± 0.15 (30)b 10.4 ± 0.15 (37)c 10.2 ± 0.10 (21)c F4,149 = 251.40 p < 0.001

Egg hatch to 
pupation

– – 35.8 ± 1.93 (22)a 26.8 ± 0.51 (26)b 23.6 ± 0.75 (26)c 21.9 ± 1.45 (15)c –* F3,84 = 23.95 p < 0.001

Pupation to 
adult eclosion

– – 22.5 ± 0.9 (17)a 14.4 ± 0.25 (22)b 12.4 ± 0.4 (20)b 7.4 ± 2.0 (7)c – F3,65 = 78.80 p < 0.001

Oviposition to 
adult eclosion

– – 75.8 ± 1.71 (17)a 51.6 ± 0.79 (22)b 47.7 ± 0.85 (20)b 40.6 ± 1.34 (7)c – F3,65 = 149.75 p < 0.001

Adult longevity – – 8.6 ± 0.97 (17)a 4.9 ± 0.27 (22)b 5.7 ± 0.27 (20)b 4.3 ± 0.19 (7)b – F1,62 = 9.83 p < 0.001

Total percentage 
survival

– – 62.96 61.11 66.67 19.44 – – –

*No development after early larval instar development

Table 4. Lower developmental threshold (to) and thermal constant (K) 
values for two species of Lepidoptera (Cydia pomonella and Pareuchaetes 
insulata), compared to those obtained for Dichrorampha odorata. 

Stage
C. pomonella* P. insulata** D. odorata

to (°C) K (°D) to (ºC) K (°D) to (°C) K (°D)
Egg 9.97 79.80 11.56 68.36 10.75 180.0
Larva 8.94 312.60 10.62 261.71 5.06 533.2
Pupa 10.01 232.03 11.96 163.68 14.60 134.7
Total 9.63 615.32 11.29 491.94 8.45 872.36

*Hossein et al. (2009); **Uyi et al. (2016)

or 32 °C (where 21 eggs hatched but larvae died before pupation, 
after developing for 16.0 ± 1.8 days). Complete development 
occurred at the constant rearing temperatures of 20, 25, 27 and 
30 °C (Table 3). Developmental time increased as temperatures 
decreased. Adult progeny from each test temperature were 
maintained at these temperatures; adults from the 20 °C trial 
lived longer (8.6 ± 0.97 days) than those from higher temperatures 
(F1,62 = 9.83; p = 0.001) (Table 3). Using the reduced major axis 
regression equation, the lower temperature threshold (to) for 
all stages combined was determined as 8.45 °C and the thermal 
constant (K) as 872.4 °D (y = 8.45x + 872.36; R2 = 0.98; p = 0.005) 
(Table 4), indicating that at the lower developmental threshold 
temperature of 8.45°C, the moth takes 872.4 days to complete 
development from egg to adult.

The percentage survival (combined immature stages) at 
30 °C was significantly lower than that at any of the three other 

temperatures (F3,129 = 7.787, p < 0.001). There was no significant 
difference in survival of combined immature stages between 20, 
25 and 27 °C. The highest overall survival (66.7%) was recorded 
at 27 °C, followed by 20, 25 and 30 °C (63.0, 61.1, 19.4% overall 
survival respectively). At this optimal temperature of 27 °C, 
total development time was 48 days (Table 3).

Degree-day model

The map generated by the degree-day model using CLIMEX 
weather station data suggested that D. odorata is capable of 
completing a maximum of 6.3 generations per year in South 
Africa, especially along the east coast where C. odorata is most 
prevalent (Figure 4), while in other parts of Africa, it is capable of 
completing a maximum of nine generations per year. In Jamaica, 
from where it was collected within its native range, D. odorata 
can complete a maximum of between 6.3 and 7.4 generations per 

Figure 4. Predicted number of generations that Dichrorampha odorata is 
capable of completing in a year throughout Africa, using parameters from 
the linear regression model

Figure 5. Predicted number of generations that Dichrorampha odorata 
is capable of completing in a year throughout North America and the 
Caribbean, using parameters from the linear regression model 
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year (Figure 5).of Jamaica indicated by arrow, and enlarged at top right.

Climate data

Data collected at the four release sites (all situated along the coast 
of KZN province, South Africa), which were regarded as most 
climatically favourable in terms of temperature, humidity and 
rainfall, indicated that temperatures fell within the critical and 
lethal temperature limits of D. odorata recorded in this study. 
However, minimum temperature data recorded from a low-
altitude (Kingston) weather station in Jamaica were considerably 
higher than those at the most climatically suitable sites in South 
Africa during winter (Table 1). Across the four South African 
release sites (all along the KZN coastline), daily mean minimum 
and maximum temperatures (averaged across 11 months) were 
16.6 °C and 25.9 °C respectively. The equivalent temperatures 
from the weather station in Jamaica were 21.6 °C and 31.7 °C. 
This means that on average, minimum and maximum daily 
temperatures in South Africa were 5.0 °C cooler and 5.8 °C 
cooler, respectively, than those in Jamaica. Furthermore, the 
minimum daily temperature for the coldest month, averaged 
across the four D. odorata release sites in South Africa (11.6 °C), 
was 8.5 °C lower than that in Jamaica (20.1 °C). The maximum 
daily temperature for the warmest month in South Africa 
(29.0 °C) was 5.0 °C lower than that in Jamaica (34.0 °C).

DISCUSSION

Environmental temperature mediates development, activity, 
survival, population dynamics and ultimately geographic range 
of ectotherms including biocontrol agents (Angilletta et al. 2002; 
Terblanche et al. 2005; van Lenteren et al. 2006). In this study, 
adult critical thermal limits of D. odorata ranged between 4.4 
and 43.7 °C. These temperatures fell within the mean thermal 
range of the targeted sites in South Africa, suggesting that both 
heat and cold conditions are suitable for D. odorata activity. 
Furthermore, the D. odorata adults assayed in this study showed 
capacity for adjustment of their thermal tolerance as both CTmin 
and CTmax improved to 1.95 and 44.4 °C, respectively, following 
acclimation, thereby underlying the suitability of the targeted 
habitats in South Africa for adult D. odorata. The temperatures 
that caused 100% adult mortality following acute exposure to 
static temperatures were 9 °C and 44 °C, beyond the mean 
annual temperatures.

Microhabitat temperatures in our study sites also fell within 
the thermal tolerance range of D. odorata. Overall, the lowest 
recorded temperature across the three release sites in South 
Africa was 12 °C whilst the highest was 34.5 °C. Given that 
100% mortality following cold exposure in adults was realised at 
–9 °C, it is highly unlikely that the mild winter temperatures in 
the targeted areas may be lethal or limit adult activity. Moreover, 
because the host plant, C. odorata, is frost-intolerant (Goodall 
and Erasmus 1996), it does not grow in areas which reach close 
to freezing point, and none of the sites at which D. odorata has 
been released reach temperatures at which the LLT50 would 
be experienced by either the larvae or adults. There is a slim 
possibility that some sites may reach ULT50 temperatures, but 
this is probably a rare event (Muskett et al. 2020). The CTs of 
D. odorata adults indicate they should remain active across the 
range of temperatures experienced in the field.

The larvae of D. odorata were more tolerant to cold than 
adults, while adults were slightly more tolerant to heat than 
larvae. Other studies have reported that thermal tolerance 
in insects varies significantly between life stages (Marais et 
al. 2009; Uyi et al. 2017). In general, less- or non-mobile life 
stages such as larvae are more tolerant to thermal extremes as 
compensation for poor behavioural responses, such as flight 
from potentially deleterious environments (Mutamiswa et al. 
2019). It is interesting to note that in this study this assertion was 

only supported under low temperature test conditions whilst the 
converse was true for high temperature test conditions.

Apart from survival and critical limits for activity, thermal 
parameters such as lower developmental threshold and number 
of degree-days are important indices for determining potential 
establishment and geographic distribution of biocontrol agents 
(Manrique et al. 2008; May and Coetzee 2013). In our study, 
developmental rate (time taken for the insect to go through 
all of its developmental stages) of D. odorata increased with 
temperature, but was halted beyond 30 ºC. Microhabitat data 
revealed several days where temperatures exceeded 30 ºC, 
which can compromise development and ultimately population 
establishment. It is therefore plausible that maximum 
temperatures in the field may be limiting establishment through 
impaired development. Moreover, typical heat stress in insects, 
even at acute time-scales, can lead to irreversible protein damage 
(Chown and Nicholson 2004).

In this study, only one egg hatched at 18 ºC, and none at 
15 ºC. Surprisingly, these lower temperatures allowed larval 
development to pupation, albeit at a slow rate. This therefore 
suggests that the thermal sensitivity of D. odorata varies 
with ontogeny, and that poor egg hatch and subsequent slow 
development at lower temperatures may impede establishment 
in the targeted sites. However, the eggs were exposed to the 
lower experimental temperatures (15 °C and 18 °C) for their 
entire development, which is not typical in the field where 
temperatures fluctuate. Muskett et al. (2020) similarly recorded 
poor egg hatch and immature survival at constant temperatures 
below 20 °C for Catorhintha schaffneri Barilovsky and Garcia 
(Hemiptera: Coreidae), a biocontrol agent for Pereskia aculeata 
Miller (Cactaceae) in a similar invaded range as C. odorata, but 
this did not prevent the insect’s establishment in South Africa.

Weather station data from areas invaded by C. odorata, as 
well as microclimate data from ‘optimal’ release sites, indicate 
that both adults and larvae (especially 20 day-old-larvae) 
should survive and maintain mobility at short time-scales. 
However, although average annual temperatures at some of 
the D. odorata collection sites in Jamaica are similar to those 
at some of the release sites in South Africa. The mean daily 
minimum temperatures of the coldest months at four coastal 
release sites (where minimum temperatures are highest) are 
more than 5 °C lower than those of Shortwood, Jamaica, the 
island on which D. odorata was originally collected. Even at 
higher-altitude C. odorata sites in Jamaica (Gordon Town at 
345 m and Mavis Bank at 884 m), minimum temperatures 
were consistently several degrees higher on average than winter 
minimums in South Africa (Nqayi 2019). These sustained cold 
temperatures could have serious implications for persistence in 
the field. The neonate larvae may have higher thermal tolerance 
limits than older larvae. Given that the adults of this moth lay 
eggs on the leaves, neonates may be exposed to unfavourably low 
temperatures for a longer duration in the field as they must move 
to find suitable shoots for feeding. The neonates also spend time 
boring into the shoots of their host plant. The fact that the adults 
are nocturnal and must find mates at night when temperatures 
are low is also of ecological concern. Typically, the consequences 
of exposing insects to unfavourably low temperatures over a long 
time-scale may result in slow development, reduced mobility, 
exposure to natural enemies, reduced mating potential, and/or 
increased mortality (Lachenicht et al. 2010; Uyi et al. 2017). Uyi et 
al. (2017) found that the minimum temperatures in Florida, USA, 
where Pareuchaetes insulata (Walker) (Lepidoptera: Erebidae) 
was collected, remained substantially higher than winter 
temperatures in South Africa, and that the locomotive ability 
of the nocturnally feeding larvae of this species was impaired 
at temperatures below 11 °C. Although this did not prevent the 
establishment of P. insulata, the authors attributed the variable 
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performance of the moth in South Africa to these factors. It is 
surmised that the leaf-mining fly C. eupatorivora, also collected 
from C. odorata across Jamaica, may have established, inter alia, 
because it has diurnally active adults whose activities are less 
affected by low night-time temperatures than those of D. odorata.

Other moth species with similar developmental thresholds 
to that of D. odorata are able to survive in similar or cooler 
habitats. Hossein et al. (2009), working on Cydia pomonella 
L. (Lepidoptera: Tortricidae), a widespread pest of deciduous 
fruit in temperate regions, recorded a slightly higher (9.97 ºC) 
developmental temperature threshold than that of D. odorata 
(8.45 ºC) in our study. It is interesting to note, however, that 
the thermal constant (K-value) for D. odorata was higher than 
those of C. pomonella and P. insulata (Table 4). Perhaps this 
long development period at the lower development temperature 
threshold (18 times longer than at the optimal developmental 
temperature of 27 °C) helps explain the poor establishment 
record of D. odorata in South Africa.

The CLIMEX degree-day model for D. odorata in areas where 
C. odorata is invasive in South Africa indicates that the moth 
should be able complete a maximum of 6.5 generations per year, 
which is only slightly lower than in Jamaica where the insect was 
collected. However, factors other than temperature may play a 
role in the lack of establishment of D. odorata in South Africa. 
The eggs are extremely thin and fragile, and die if the leaf on 
which they have been deposited is removed from the parent 
plant, even at a late stage of the egg’s development. This may 
indicate that D. odorata eggs are very susceptible to changes in 
the microclimate of the leaf surface (Pincebourde and Woods 
2012) which may be induced by decreases in atmospheric 
humidity. In the heated mass-rearing glasshouse at ARC-PHP 
Cedara, a high proportion of eggs has been noted to die during 
winter, when RH is low (SB Nqayi, pers. obs.).

In summary, this study indicated that the aspects of the 
thermal biology of the shoot-boring moth D. odorata investigated 
do not explain its lack of establishment on C. odorata in South 
Africa, especially along the east coast. However, this lack of 
establishment could also be due to one or more of several 
factors not yet investigated: (1) the vulnerability of juvenile 
stages to cold and other factors such as humidity; (2) possible 
reduced feeding by older nocturnal larvae during night-time low 
temperatures; (3) reduced mating and reproductive activities 
of adult moths during night-time low temperatures in winter 
months; (4) susceptibility of adults to low humidity; for cold 
and (5) an increased impact of predation and/or parasitism on 
survival due to slower development rates at cooler temperatures. 
Future studies should focus on exploring factors that were not 
studied in the current study. Selection tolerance during rearing, 
especially among the juvenile stages, may also be prioritised and 
investigated to improve field establishment; collection of fresh 
field material from high-altitude and if possible drier areas of 
Jamaica and Cuba may also improve establishment prospects 
(Harms et al. 2021). Similar cases, where weeds invade more 
temperate habitats than the climatic limits of their native 
range, are quite common, and may affect the establishment and 
performance of biocontrol agents released against them in these 
areas (Harms et al. 2021). However, this also depends on the 
biology of the species of biocontrol agent; should establishment 
of D. odorata fail in South Africa, other biocontrol agents with a 
more robust biology are available. For example, the stem-galler 
Polymorphomyia basilica Snow (Diptera: Tephritidae), also 
collected in Jamaica, was recently approved for release following 
host-range testing (Dube et al. 2020); and given that adults are 
diurnally active and long-lived, it is hoped that establishment 
will occur. Finally, D. odorata remains an option for more 
tropical, humid parts of the invasive range of C. odorata, should 
the need for additional biocontrol agents in these areas arise.
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